INTRODUCTION USES OF MAIZE AS A MODEL SYSTEM
Like many other grasses, maize is wind pollinated and a natural cross-pollinator. However, maize is particularly amenable to genetic analysis owing to its monoecious floral development, wherein unisexual male and female flowers are borne on separate stems. Male (staminate) flowers develop in the tassel, a branched inflorescence that is positioned at the top of the main stem. Female (pistillate) flowers are found in the ear, a compact inflorescence borne at the ends of reduced lateral branches and located at the midpoint of the stem~five to six nodes below the tassel (Fig. 2) . In maize, sexual identity is acquired through the programmed cell death of stamen primordia in female flowers and the corollary abortion of carpel primordia in male florets (Cheng et al. 1983) . The developmental partitioning of male and female flowers has implications for the discovery of genes controlling sex determination in maize (Delong et al. 1993; Chuck et al. 2007 Chuck et al. , 2008 . Moreover, this physical separation of male and female flowers greatly facilitates controlled pollinations, in that ear and tassel shoots can be easily covered to prevent pollen contamination and to collect pollen, respectively. Crossing maize is not only simple, but also highly productive: Several hundred seed can be produced from a single pollinated ear. This feature sets maize apart from other cereals as an advantageous genetic systemgenetic crosses in other cereals require emasculation, a laborious procedure that yields a single seed per flower.
Meiosis in maize is synchronized, such that the relative size of developing maize anthers correlates with the meiotic stage of the microsporocytes within. This useful feature, coupled with the relatively large physical size of maize chromosomes, has placed maize at the forefront of plant cytogenetic research. Chromosomal characteristics such as knobs facilitate the tracking of chromosome pairing and segregation. Because of these traits, uncovering meiotic mutants in maize has been relatively straightforward. In addition, chromosomal aberrations including translocations, inversions, and deficiencies were used to assign genes to chromosomal locations (see, e.g., Rhoades 1984) . For example, the waxy-marked translocation stocks link this observable endosperm marker to each arm of the ten haploid chromosomes in maize, thereby facilitating the placement of genes to chromosome arm (Laughnan and Gabay-Laughnan 1994) . Recent, more sophisticated approaches to cytogenetic analysis, such as the development of single-copy fluorescence in situ hybridization (FISH) and fiber-FISH technologies, have revolutionized studies on maize genomic organization (Jiang et al. 2003; Kato et al. 2004; Wang et al. 2006) .
Maize kernel morphology and composition are quantitative traits of immense agronomic and nutritional importance. A single-seeded fruit, the large and prominent maize kernel has been the focus of hundreds of genetic analyses of morphological and biochemical mutants. Barbara McClintock's pioneering research on transposable elements exploited genetically mosaic sectors induced via transposable element activity in the aleurone, the anthocyanin-enriched outer cell layer of the maize endosperm (McClintock 1950; Dooner and Kermicle 1971) . Mutations affecting the development of the embryo or the accumulation of storage proteins and starch in the endosperm are especially abundant, and have contributed to our understanding of developmental and biosynthetic pathways operating in the maize kernel (Laughnan 1953; Scanlon et al. 1994) .
As a predominantly out-crossing species, maize has an extraordinary level of genotypic diversity. The frequency of nucleotide polymorphism observed when comparing the genomes of any two modern maize inbred lines is equivalent to the sequence diversity between chimpanzees and humans ). Pivotal to the success of maize domestication, this nucleotide diversity continues to be exploited in modern breeding programs. For example, the native heterozygosity of the maize genome is exploited in association mapping strategies, wherein correlations between phenotypic and genetic diversity are identified in analyses of complex, natural populations (Yu and Buckler 2006) . Such studies have identified candidate genes associated with complex traits, such as flowering time (Thornsberry et al. 2001) , starch biosynthesis (Wilson et al. 2004) , and seed carotenoid content (Harjes et al. 2008) , which can be manipulated by breeders for agronomic and nutritional improvement of maize varieties.
GENETICS AND GENOMICS
A comprehensive, standardized gene nomenclature for maize was established in the late 1990s. Guidelines for the naming of nuclear and organellar genes and gene products, allelic and nonallelic designations, transposon-induced mutations, chromosomal rearrangements, and molecular genetic marker loci are outlined on the Maize Genome and Genetics Database website (http://www.maizegdb.org/ maize_nomenclature.php).
Maize research has benefited from a vast collection of genetic mutants (Neuffer et al. 1997) . Over the past decade, high-throughput mutagenesis programs were launched to both expand this inventory of maize mutants and expedite the distribution of mutants to the research community (Table 1) . For example, the Maize TILLING (Targeting Induced Local Lesions IN Genomes) project is a reversegenetics approach utilizing gene-targeted screening of EMS-mutagenized inbred populations (Till et al. 2004; Weil and Monde 2007) . A second project involves the use of the Activator (Ac)/Dissociation (Ds) transposable element system in a strategy of targeted, regional mutagenesis. Exploiting the propensity of Ac and Ds to transpose short distances, this strategy aims to saturate specific chromosomal regions adjacent to mapped Ac/Ds transposons in an effort to generate new insertional mutations in genes closely linked to existing transposons (Bai et al. 2007 ). Once identified, new Ac/Ds insertional mutations generate a molecular tag that is utilized for cloning targeted genes (Pohlman et al. 1984) . Imprecise transposon excision/insertion events can create "footprint" alleles, which generate allelic variation and contribute to genome evolution (Chen et al. 1987; Kolkman et al. 2005; Bai et al. 2007) . Characterized by an increased transposon copy number and a correspondingly elevated Copyright 2010 Cold Spring Harbor Laboratory Press. Not for distribution. Do not copy without written permission from Cold Spring Harbor Laboratory Press mutation rate, the Mutator (Mu) transposable element system has emerged as a popular method for mutagenesis among maize geneticists. The Maize-Targeted Mutagenesis (MTM) project utilizes a polymerase chain reaction (PCR)-based reverse genetic strategy to identify gene-specific, germinal transposon insertions in a population of~44,000 plants that are enriched for mobilized Mu elements. Following mutagenesis, Mu activity in the MTM lines is epigenetically silenced by crossing to Mu killer (Slotkin et al. 2003) , a strategy that eliminates new Mu transpositions in the progeny (May et al. 2003) . Importantly, Mu silencing effectively eliminates new somatic Mu insertions, which are not transmitted to the progeny and can lead to confounding false positives in PCR screens (May et al. 2003) . A steady-state mutagenesis system is utilized in the UniformMu collection, a forward-and reverse-genetic strategy wherein active Mu transposons are introgressed into the W22 inbred line and insertion mutations are identified by massively parallel sequence technology (McCarty et al. 2005) . Despite these outstanding genetic resources, maize research is slowed by the lack of cost-efficient, high-throughput approaches for genetic transformation, a technology that is still relatively slow and technically challenging in maize (Frame et al. 2002) .
A diverse toolkit for genomic analyses is readily available to the maize research community. The intermated B73 × Mo17 recombinant inbred lines (IBMRIL; Lee et al. 2002) and their subsequent saturation with molecular markers, such as restriction fragment length polymorphisms (RFLPs), simple sequence repeats (SSRs; Sharopova et al. 2002) , insertion/deletion polymorphisms (IDPs; Fu et al. 2006) , and single-nucleotide polymorphisms (SNPs), have greatly increased the resolution of the maize genetic map. Capitalizing on the extensive heterogeneity within the maize gene pool, the maize nested associated mapping (NAM) population comprises 5000 RILs developed from crosses between B73 and each of 25 diverse maize inbred lines (Yu and Buckler 2006) . The NAM population captures much of the natural allelic variation present in Zea mays ssp. mays and represents a powerful tool for the fine-scale resolution and molecular dissection of genes contributing to complex traits in maize. Positional cloning is emerging as the most powerful tool for gene identification in maize, a procedure that is greatly enhanced by the genomic sequencing effort (Bortiri et al. 2006 ). Links to these tools and other related maize resources are summarized in Table 1 .
Genomic sequencing of the maize inbred line B73 is nearing completion; full release of the genome sequence is expected during 2009. B73 was selected as the reference genome because it performs well throughout much of the continental United States, exhibits high yield, and is the most utilized inbred line in basic research laboratories. Consequently, B73 is the source of the majority of the maize expressed sequence tags (ESTs) and commercially important germplasm, as well as the vast collection of bacterial artificial chromosome (BAC) libraries (Bennetzen et al. 2001) . Presently, annotation of the maize genome is incomplete. Annotation efforts are driven by the maize research community, and maize gene predictions are extensively derived from models of rice orthologs.
TECHNICAL APPROACHES
Maize genetic research is greatly facilitated by the physical separation of male and female flowers, making controlled pollinations simple and highly productive. A detailed protocol for maize pollination, complete with video demonstrations, helpful tips, and required materials can be accessed from the website "Controlled Pollinations of Maize" (http://www.maizegdb.org/IMP/WEB/pollen.htm). An efficient protocol for the isolation of maize DNA suitable for use in restriction digests, small-insert (i.e., 25 kb or less) cloning, and PCR analysis has been developed by Dr. Stephen Dellaporta and colleagues (http://www.agron.missouri.edu/mnl/57/25dellaporta.html). Maize has been extensively utilized in the development of advanced cytogenetic protocols, including genomic in situ hybridization (GISH), single copy FISH (Wang et al. 2006) , chromosome painting (Kato et al. 2004) , and extended fiber FISH (Jiang et al. 2003) . Protocols for GISH and fiber FISH can be accessed from Dr. Jiming Jiang's laboratory (http://www.hort.wisc.edu/jjiang/protocols_1.htm). Maize is also the first organism utilized for in situ hybridization of small RNA transcripts (21-24 nucleotides) utilizing locked nucleic acid (LNA) hybridization probes, as described by Drs. Catherine Kidner and Marja Timmermans (http:// schnablelab.plantgenomics.iastate.edu/docs/resources/protocols/pdf/in_situ_protocol.2007.04.01.pd f); Kidner and Timmermans 2006) .
Maize is a highly tractable system for developmental genetic and genomics. The relatively large size of maize organs, such as the leaf primordia and shoot apical meristem (SAM), renders them especially suitable for laser microdissection analyses. Laser microdissection permits the precise isolation of discrete cells, tissues, or organs from thin sections of fixed plant tissue immobilized on glass slides. 
ACKNOWLEDGMENTS
We acknowledge the vast contributions and friendly collegiality of the past and present community of maize researchers. 
INTRODUCTION

RELATED INFORMATION
The Tunicate Web Portal (http://www.tunicate-portal.org) is the entry point of choice for all web resources concerning research on tunicates.
BACKGROUND INFORMATION
The tunicate (or urochordate) C. intestinalis (Linnaeus, 1767) is a solitary ascidian species that lives in shallow waters in the inter-to subtidal zones of most temperate coasts around the world. These sessile animals are usually found in groups attached to a variety of natural and artificial immersed materials. They spend most of their life cycle as adult filter feeders that produce both oocytes and sperm, which are released on a daily basis (usually at dawn, upon sunrise). The hermaphroditic adult looks like an elongated gelatinous bag surrounded by a translucent tunic containing cellulose, and it displays two conspicuous oral and atrial siphons delineated by a corona of yellow pigmentation (Fig. 1A) . This typical invertebrate morphology led the French zoologist Georges Cuvier (1769-1832) to classify ascidians as molluscs. However, gill slits are observed in the adult pharynx, and larvae display key characteristics of a chordate tadpole: an elongated tail supported by a central rod of vacuolized notochord cells and a dorsal hollow neural tube markedly patterned along the antero-posterior axis (Fig. 1B) . These characteristics of the ascidian tadpole led the Russian embryologist Alexander Kovalevsky (1840 Kovalevsky ( -1901 to classify tunicates as bona fide chordates, Copyright 2010 Cold Spring Harbor Laboratory Press. Not for distribution. Do not copy without written permission from Cold Spring Harbor Laboratory Press a phylogenetic position that has since been extensively confirmed by molecular phylogenetic analyses ( Fig. 1C; e.g., Delsuc et al. 2006) .
The subphylum Tunicata (or Urochordata), to which C. intestinalis belongs, includes numerous (more than 3000) extant species that have traditionally been classified into four major classes: Ascidiacea, Thaliacea, Appendicularia (or Larvacea), and Sorberacea. These classes share the unique ability to synthesize cellulose as a result of an ancient horizontal transfer event involving the cellulose synthase gene (Matthysse et al. 2004) . The class Ascidiacea is traditionally subdivided into two orders, Stolidobranchia and Enterogona; the latter comprises the Aplousobranchia and Phlebobranchia suborders. These clades constitute monophyletic groups, and the Thaliacea and Appendicularia classes are sister groups to the Phlebobranchia and Aplousobranchia, respectively (Fig. 1C) . In this complex phylogeny, C. intestinalis is a founding member of the Cionidae family of Phlebobranchia ascidians.
SOURCES AND HUSBANDRY
Developmental studies using C. intestinalis rely on the availability of gravid adult animals. In the best season, usually from April to December in the northern hemisphere, thousands of oocytes and up to 200 µL of concentrated sperm can be obtained by dissecting a single animal. Currently, the vast majority of studies use animals collected from their natural habitats (e.g., coastal harbors in the Pacific and Atlantic Oceans). These animals can be kept in seawater tanks equipped with appropriate pumps, filters, and skimmers. Animals are usually maintained in short-term culture for 1-2 wk and do not need to be fed during this time.
Several attempts to grow C. intestinalis in the lab have been reported (Hendrickson et al. 2004; Joly et al. 2007) . Such efforts circumvent the constraints on collecting fresh animals from the wild; furthermore, these animals have natural fluctuations in fecundity. Unfortunately, the most efficient cultivation depends on the availability of natural running seawater, which can only be achieved with coastal infrastructures. Nonetheless, a standardized culturing system would permit the establishment and distribution of isogenic strains. Indeed, cryptic subspecies appear to coexist in the wild, and the high natural polymorphism (~1%-2%) may interfere with systematic genetic studies (Sordino et al. 2008) .
To get started, we suggest using fresh animals and short-term maintenance in a simple saltwater tank in the lab. The following procedures apply to both C. intestinalis and C. savignyi, although C. intestinalis has a broader worldwide distribution. Copyright 2010 Cold Spring Harbor Laboratory Press. Not for distribution.
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Ciona adults are usually found growing on wooden docks and floats in marine harbors. Animals tightly adhere to their substrates, so take care when detaching them by using the base of the animal to gently pull. After detachment, place the animals in a cooler containing a large volume of fresh seawater. If the research lab is not located near an ocean, it is possible to purchase animals from a variety of marine supply companies. Marine Research and Educational Products (M-Rep; http://www.m-rep.com/profile.htm), located in San Diego, CA, can ship animals to either the west or the east coast of the United States. The Roscoff Biological Station (http://www.sb-roscoff.fr/ModBiol), affiliated with the University of Paris VI, supplies animals to laboratories located in Europe. There is a plentiful supply of gravid animals during the warmer months, from May through October, on both coasts of the United States as well as in many parts of Europe and Asia. From January to April, it is best to purchase animals from warmer climates, such as San Diego, CA.
Animals can be shipped by FedEx, but it is important to minimize the transport time and keep the temperature low (no more than~10°C) with ample aeration. Ship animals in 3-4 L of seawater; this volume is sufficient to sustain 20-30 animals overnight. Use double plastic bags surrounded by ice packs to keep the temperature down. Upon receipt of animals after shipment, slowly raise the temperature by leaving the plastic bag in a seawater tank. Cut the bag open while incubating in order to provide adequate levels of oxygen.
An aquarium with an open circulating seawater tank system that can hold~80-100 gal of seawater should be adequate for most lab uses. Basically, the system should contain a temperaturecontrolled cooling unit, circulator pump, denitrification unit, protein skimmer, and filter for solid wastes. Keep the water temperature at~16°C-18°C. Use hanging baskets to hold the animals. It is important to provide constant illumination over the tank in order to prevent animals from spawning with the normal day-night cycle. Use fluorescent lamps that emit a strong daylight spectrum.
RELATED SPECIES
The most relevant related species for studying C. intestinalis is C. savignyi. Its genome was sequenced shortly after that of C. intestinalis (Small et al. 2007 ) and was used to compute whole-genome alignments, providing streamlined phylogenetic footprinting results that have proven quite valuable for the computational identification of non-coding DNAs, such as tissue-specific enhancers (Johnson et al. 2005 ). In addition, spontaneous and induced mutations have been isolated and analyzed in C. savignyi, thereby providing a foundation for more comprehensive genetic studies (e.g., Nakatani et al. 1999) .
The Japanese ascidian Halocynthia roretzi produces significantly larger eggs than C. intestinalis, permitting the elucidation of complete fate maps of early blastomeres until the onset of gastrulation (110-cell stage) (Nishida 1987 ). In addition, numerous studies using embryological manipulations and microinjection in this species have uncovered essential aspects of early ascidian development, such as the identification of the classical muscle determinant, macho-1 (Nishida and Sawada 2001) .
The reduced cell number constituting ascidian embryos offers an opportunity for detailed molecular imaging in live embryos. In this regard, the natural pigmentation of C. intestinalis embryos can be problematic, a limitation that has been circumvented using Ascidiella aspersa and Phallusia mammillata embryos, which are absolutely transparent.
Other tunicate species are being used to provide insights into diverse biological phenomena. The colonial ascidian Botryllus schlosseri, which can be raised in the laboratory and is amenable to classical genetics, provides an increasingly attractive model for studying asexual reproduction, germ cell biology, allorecognition, and the evolution of the immune system (e.g., De Tomaso et al. 2005) . The appendicularian Oïkopleura dioïca has an amazingly short life cycle (4 d) and constitutes an extreme example of genomic compaction and rearrangements (the complete genome is just~80 Mb), but nonetheless displays the basic chordate body plan (Seo et al. 2001) .
USES OF THE CIONA MODEL SYSTEM: EMBRYONIC DEVELOPMENT
The use of ascidian embryos for experimental studies was initiated in the 19th century by the French biologist Laurent Chabry (1855-1894), who performed the first manipulations of living embryos using A. aspersa. Subsequently, the American embryologist Edwin Conklin reported a comprehensive description of early cell lineages in the species Styela clava and defined the nomenclature for ascidian blastomeres that is still in use.
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Ascidian embryos became a paradigm of so-called mosaic development, whereby individual blastomeres are endowed with maternal determinants specifying diverse cell fates such as muscle, endoderm, or epidermis. Since the early 1980s, the increasing use of molecular tools helped determine the nature and function of such determinants and refine the traditional view by showing that cell-to-cell interactions are also essential for the specification of the basic chordate tissues, such as the notochord and the central nervous system (CNS). The classical era of ascidian "mosaic" development reached closure when Nishida and colleagues reported the identification of the zinc finger transcription factor macho-1 as the classical maternal muscle determinant originally described by Chabry and Conklin (Nishida and Sawada 2001) .
Numerous ascidian species are used in developmental studies; however, C. intestinalis reigns as the dominant model because of its worldwide distribution, the availability of a complete genome assembly (Dehal et al. 2002) , the establishment of post-genome tools such as the Agilent and Affymetrix microarrays (Azumi et al. 2003; Christiaen et al. 2008) , and the determination of comprehensive gene expression profiles and gene disruption assays (Imai et al. , 2006 in this species. The number of developmental studies using C. intestinalis has increased exponentially in the last 20 yr, and they have been the subject of numerous excellent review articles (Nishida 2002; Satoh 2003; Satoh et al. 2003; Passamaneck and Di Gregorio 2005) . Here, we briefly summarize a few key landmark studies, along with some of the emerging general findings relevant to chordate development.
Gene Regulatory Networks and Cleavage Patterns in the Early Embryo
The Ciona system is well suited for the rapid identification of cis-regulatory DNAs, particularly tissue-specific enhancers. Initial efforts along these lines depended on traditional microinjection assays. However, the advent of a simple electroporation method (see Electroporation of Transgenic DNAs in the Sea Squirt Ciona ) permitted the simultaneous transformation of hundreds or even thousands of synchronously developing embryos. This method was initially used for the identification of a notochord-specific enhancer from the 5′ regulatory region of the Ciona Brachyury gene (Corbo et al. 1997 ). The green fluorescent protein (GFP) reporter gene was used for this analysis; this reporter works exceptionally well for tracing individual cells, tissues, and lineages during Ciona embryogenesis. The subsequent characterization of the Brachyury enhancer led to the elucidation of a provisional gene network for notochord specification, including distinctive regulatory inputs for the primary and secondary notochord lineages. Similar methods were used to dissect the Otx enhancer, which is an early marker for primary neural induction in the Ciona embryo. The characterization of this enhancer led to the identification of fibroblast growth factor (FGF) signaling (FGF9/16/20), Ets/pointed2, and GATAa as the key mediators of Otx induction in the presumptive CNS (Bertrand et al. 2003 ).
Morphogenesis and Differentiation in a Chordate Body Plan
A provisional "blueprint" for the early Ciona embryo was determined by systematically analyzing 76 different regulatory genes that encode either sequence-specific transcription factors (TFs) or cellsignaling components (STs) that impinge on the activities of these factors (Imai et al. 2006 ). Each of these 76 genes (53 TFs and 23 STs) is expressed in a specific subset of blastomeres between the critical 16-and 110-cell stages of embryogenesis. About 30 of these genes were systematically disrupted by microinjecting antisense morpholino oligonucleotides (see Microinjection of Morpholino Oligos and RNAs in Sea Squirt (Ciona) Embryos , and the expression profiles of the remaining genes were examined by quantitative reverse transcriptase polymerase chain reaction (RT-PCR) assays and/or by in situ hybridization (see Whole-Mount In Situ Hybridization on Sea Squirt (Ciona intestinalis) Embryos ). These studies provided a foundation for understanding the specification of a variety of different cell types, such as the progenitors of the cardiomyocytes comprising the beating heart of adult sea squirts.
The adult heart arises from a single pair of blastomeres, the B7.5 blastomeres, at the 110-cell stage of embryogenesis. Mesp, which encodes a bHLH transcription factor, is a key determinant of the cardiac mesoderm . Mesp is required for the induction of the heart fate by FGF signaling in the anterior descendants of the B7.5 lineage (Davidson et al. 2006) . A variety of target genes required for heart cell differentiation and directed migration are activated downstream from Mesp and FGF signaling in the Ciona tadpole. One such target gene is the forkhead transcription factor FoxF, which mediates directed precardial migration by regulating a variety of cellular effectors, Copyright 2010 Cold Spring Harbor Laboratory Press. Not for distribution. Do not copy without written permission from Cold Spring Harbor Laboratory Press such as RhoDF (Beh et al. 2007; Christiaen et al. 2008) . This example illustrates one of the great strengths of the Ciona system, namely, the ability to link regulatory networks to cellular morphogenesis in the developing embryo.
GENETICS
Developmental studies involving the manipulation of wild-type embryos potentially outpace genetic studies. C. intestinalis has a generation time of several months, even though its eggs develop into swimming larvae within 24 h. This relatively long generation time, coupled with the culturing restrictions described above, has slowed the development of classical genetic tools for studying C. intestinalis. However, there has been notable progress in the creation of genetic maps coupled to bacterial artificial chromosome (BAC) clones for each of the 14 C. intestinalis chromosomes (Shoguchi et al. 2006; Kano 2007) .
Forward genetic approaches have been performed using the sibling species C. savignyi, and the recent development of stable transgene insertion methods for both species has led to the generation of enhancer-trap and mutant lines (Deschet et al. 2003; Matsuoka et al. 2004 Matsuoka et al. , 2005 Sasakura et al. 2008) . C. savignyi has a shorter generation time than C. intestinalis (6 wk rather than a few months), and it has been possible to exploit the self-fertilization of hermaphrodites to perform genetic screens for patterning mutants. This approach has been used with considerable success for the identification of a variety of genes required for the morphogenesis of the Ciona notochord. As discussed earlier, it is entirely feasible to use both C. savignyi and C. intestinalis for the concerted analysis of specific developmental processes. For example, C. intestinalis Brachyury-GFP fusion genes work just fine in C. savignyi, permitting the detailed cellular visualization of notochord patterning mutants.
GENOMIC AND POST-GENOME TOOLS
The C. intestinalis genome is~160 Mb in size and contains about 16,000 protein-coding genes, which is a similar gene density to that seen in Drosophila. The C. intestinalis genome was the seventh animal genome to be completely assembled and annotated (Dehal et al. 2002) . This assembly, along with the C. savignyi genome assembly, permits investigators to use PCR-based methods for the isolation of specific genomic DNAs, either coding or non-coding. The JGI (http://genome.jgi-psf.org/ ciona4/ciona4.home.html) was the first repository for C. intestinalis genomic sequences; version 1 is the favorite of the research community as agreed on at the International Tunicate meeting held in Villefranche-sur-Mer (France) in 2007. The ENSEMBL database hosts version 2 of the C. intestinalis genome, allowing integrated interfacing with genomes from other species for comparative genomics (http://www.ensembl.org/Ciona_intestinalis/Info/Index). A mirror of the UCSC browser for C. intestinalis (http://genome.ciona.cnrs-gif.fr/cgi-bin/hgGateway?org=C.+intestinalis&db=ci1) is hosted by Gif-sur-Yvette (France) and displays additional tracks (e.g., Affymetrix probe sets).
There is extensive annotation of the C. intestinalis genome, mainly owing to the comprehensive expressed sequence tag (EST) collections, including full-length cDNAs, that are publicly available (Satou et al. , 2008 . An additional cDNA library has been introduced into the versatile Gateway vectors by Patrick Lemaire and coworkers at the Institute for Developmental Biology of Marseilles (France) (Roure et al. 2007) . BAC clones are available upon request from the Satoh lab (Kyoto University), and an arrayed cosmid library is available (Burgtorf et al. 1998) , although it has not been mapped to the genome. Sequence identification is achieved through hybridization on membrane replicates of the library. Finally, both Agilent and Affymetrix microarrays are available for transcriptome profiling (Azumi et al. 2003; Christiaen et al. 2008) .
The rapidly expanding molecular information concerning the organization and function of the C. intestinalis genome is available on several publicly available websites. The Ghost Database maintained by Yutaka Satou and colleagues (http://hoya.zool.kyoto-u.ac.jp/cgi-bin/gbrowse/ci) hosts most of the expression data and annotations currently available for C. intestinalis. The ANISEED database (http://crfb.univ-mrs.fr/aniseed) hosts most of the genomic and expression information known about C. intestinalis in a very integrated manner. The virtual early embryo can also be downloaded from this database. The Four Dimensional Body Atlas (FABA) database for C. intestinalis (http:// chordate.bpni.bio.keio.ac.jp/faba/1.2/top.html) constitutes the most comprehensive resource for C. intestinalis morphological information through the juvenile stage.
Copyright Imai et al. 2004; Tassy et al. 2006 ). This information is not only useful to the Ciona research community, but can provide potential insights into the activities of orthologous genes in vertebrates.
TECHNICAL APPROACHES
A variety of molecular tools have been applied to the understanding of Ciona embryogenesis. Protocols describing the practical use of Ciona for developmental studies include Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development (Christiaen et al. 2009d) , Electroporation of Transgenic DNAs in the Sea Squirt Ciona ), X-gal Staining of Electroporated Sea Squirt (Ciona) Embryos (Christiaen et al. 2009e ), Microinjection of Morpholino Oligos and RNAs in Sea Squirt (Ciona) Embryos , WholeMount In Situ Hybridization on Sea Squirt (Ciona intestinalis) Embryos , and Isolation of Individual Cells and Tissues from Electroporated Sea Squirt (Ciona) Embryos by Fluorescence-Activated Cell Sorting (FACS) (Christiaen et al. 2009f ).
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INTRODUCTION
This protocol is the starting point for most manipulations that are used to study the sea squirt (Ciona) embryo, including in situ hybridization, the microinjection of morpholino oligos, and the electroporation of transgenic DNAs. Ciona eggs and embryos are exquisitely sensitive to even trace amounts of detergent; therefore, it is strongly advised to designate a soap-free workspace for embryo culture. Any solutions that come into contact with embryos should be prepared in absolutely clean glassware with the highest quality water.
RELATED INFORMATION
See The Sea Squirt Ciona intestinalis ) for an introduction to Ciona intestinalis as a model organism. Embryos that have been dechorionated as described here can be subsequently electroporated or microinjected (see Electroporation of Transgenic DNAs in the Sea Squirt Ciona 
and Microinjection of Morpholino Oligos and RNAs in Sea Squirt (Ciona)
Embryos ], respectively).
MATERIALS CAUTIONS AND RECIPES:
Please see Appendices for appropriate handling of materials marked with <!>, and recipes for reagents marked with <R>. Reagents <!>Ampicillin (100 mg/mL) (for cultivation of larvae and juveniles only; see Steps 26-30) <!>Alternatively, use penicillin-streptomycin (5000 U/mL penicillin plus 5000 g/mL streptomycin).
Ciona animals, gravid <R>Filtered artificial seawater buffered with TAPS (FASW-T)
FASW-T is the only seawater that should come into contact with eggs and embryos! Large amounts of FASW-T are consumed for each experiment, so have 2-3 L ready before beginning. It is desirable to have one or two plastic squirt bottles filled with FASW-T available as well. Prepare FASW-T containing 0.05% (w/v) bovine serum albumin (BSA) for cultivating larvae and juveniles (see Steps 26-30).
Glycine (10 mg/mL, prepared in FASW-T) (for dechorionation only; see Steps 14-25) <!>NaOH (10 N) Pronase (Pronase E, embryo-tested) (for dechorionation; see note at beginning of "Fertilization" and Steps 14-25)
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METHOD Isolation of Eggs and Sperm
In eggs are collected from each individual into separate wells of a six-well plate. This will limit precocious fertilization in the event that the sperm duct is accidentally pierced during egg retrieval. Sperm are collected separately in 1.5-mL tubes.
1.
Choose at least two healthy, gravid animals; such animals will respond to a gentle touch by contracting their siphons.
2.
Expose the egg duct ( Fig. 1 ) of each animal as follows:
i. Hold the animal upside down with the atrial siphon opening between the fingertips, pulling gently to elongate the siphon. (Fig. 1) . 
Prepare Pronase ahead of time by dissolving the lyophilized powder in FASW-T at a final concentration of 2.5% (w/v). Aliquot in 400-
Dissecting microscope Filter basket
This is a handy contraption used to contain eggs while they are thoroughly rinsed with FASW-T. It consists of a small cell strainer (pore size 70-80 m) attached to the end of a conical tube
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ii. Position the scissors to cut through the body wall muscle to the tunic.
iii. Use the squirt bottle to rinse away waste products from the intestine and occasional amphipods.
iv. Carefully cut away any connective tissue, such as body wall muscle, from the surface of the gonad ducts.
Do this over a large plastic beaker to collect water waste.
3. When the egg duct is exposed, position the animal over a well of a six-well plate that is half full of FASW-T (~5 mL FASW-T/well). Gently pierce the surface of the egg duct with a sharp #5 forceps, or the sharp end of scissors.
The proximity of the sperm duct can make this challenging, especially if the egg duct is not stretched to capacity. It helps to have a sharp tool to make the smallest hole possible and avoid puncturing the sperm duct at the same time. Because the freshly harvested eggs have an intact chorion, they will not adhere to the plastic of the six-well plate.
4.
Apply gentle pressure to the egg duct with the flat end of the scissors, guiding the eggs into the well. Continue until the duct is depleted.
The eggs exist as a cohesive unit in mucilage; minimize disturbance of the egg mass.
(Optional) Look at the eggs under the dissecting microscope.
Healthy eggs are deeply pigmented and surrounded by oblong follicle cells, which resemble rays of the sun.
You will see a golden ring around the egg; this is the chorion.
6.
Blot the surface of the ducts with a tissue to absorb excess seawater; it is desirable to collect the sperm "dry."
7.
Pierce the sperm duct with a sharp forceps or scissors, and collect the sperm with a Pasteur pipette. Keep sperm in a 1.5-mL tube on ice, and pool from each individual.
At this point, sperm can be stored on ice or at 4°C-13°C for several hours or even a day or two. Eggs can rest in FASW-T for up to 12 h at 16°C.
8.
Collect the spent animals in a sealable plastic bag. Freeze the animals to reduce foul odors until proper disposal is convenient.
Fertilization
If fertilization will be followed by dechorionation in Steps 14-25, have 0.4 mg of sodium thioglycolate in a 50-mL conical tube ready and 800 L of Pronase thawing on ice before beginning the fertilization.
9.
Activate the sperm at an elevated pH in the presence of eggs as follows:
i. Prepare basic seawater by adding 10 L of 10 N NaOH to 40 mL of FASW-T in a labeled 50-mL conical tube. Invert several times to mix.
ii. Add 20-50 L of sperm, and mix again.
iii. Use a Pasteur pipette to add a small number of eggs (a small drop of 10-20 eggs is sufficient) to the sperm. ii. Transfer the eggs en masse with a Pasteur pipette from each well of the six-well plate to the submerged basket.
iii. Squirt FASW-T along the side of the tube, and swirl the basket, keeping the eggs submerged. Do not squirt directly onto the eggs, because this may damage them.
iv. Discard the water as the jar becomes full, and continue adding more water and swirling the basket to distribute the eggs.
v. Gently pipette to help separate and wash the eggs, but be careful not to expel them with force against the mesh filter.
11. (Optional) Check the sperm activation by transferring a drop to a plastic Petri dish lid or a microscope slide, and look under a dissecting microscope.
The sperm are very small, but you should be able to see their extremely rapid motion.
12.
Discard water from the egg jar, leaving just enough to keep the eggs submerged. Pour the diluted sperm onto the eggs, and start the timer, counting up.
The time of sperm addition is the "zero" point; developmental time is usually measured in hours post-fertilization (hpf). Begin dechorionation (starting at Step 14) 5 min after fertilization. If dechorionation is not required, the eggs can be incubated to the desired stage (see Steps 26-30). For most research purposes, however, dechorionation is required.
13. (Optional) Check the fertilization after a few minutes by pipetting a drop of the mixture onto a slide or plastic Petri dish lid and examining under a dissecting microscope.
The eggs will spin in circles if the sperm is very abundant. Subtle changes in cell shape due to ooplasmic segregation may also be apparent.
Dechorionation
Dechorionation is an essential component of Ciona research, as it is a prerequisite for both electroporation and microinjection. The ease with which it is accomplished can vary from animal to animal, or from differences in activity from batch to batch of Pronase. Dechorionated eggs must be washed several times to remove cellular debris. Dechorionation and washing (Steps 14-25) should ideally be completed by 15-25 min post-fertilization if the eggs are to be used for electroporation.
14. Prepare the dechorionation solution as follows:
i. Add FASW-T to the 0.4 mg of sodium thioglycolate prepared in the 50-mL conical tube, to almost 40 mL. Invert to mix.
ii. Add 168 L of 10 N NaOH, and mix again.
iii. Add 800 L of 2.5% Pronase and mix.
iv. Bring the final volume to 40 mL with FASW-T.
15.
Pour roughly two-thirds of the dechorionation solution into a glass jar.
16.
Quickly transfer the egg basket from the fertilization solution to the dechorionation solution. It is important not to let the eggs dry.
17.
Pour the remaining dechorionation solution into the basket, on top of the eggs.
18. Empty the FASW-T from one agarose-coated Petri dish, and prop one end up on the lid.
The plate at this angle allows the eggs to be collected in a small surface area to limit the direct contact of eggs with the agarose and subsequent cell lysis.
19.
Transfer the eggs from the basket to the tilted plate with a Pasteur pipette. Take care to gently release the eggs with the pipette tip submerged. As more liquid is added, lay the plate flat.
20.
Gently and steadily pipette the dechorionation solution to form a current:
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Ciona intestinalis i. Hold the pipette at a low angle, and aim the water flow tangentially to the wall of the plate.
ii. Create circular movement of the liquid containing the eggs, but do not draw the eggs themselves into the pipette. 22. Add 1 mL of 10 mg/mL glycine to stop the reaction, dilute by squirting a bit of FASW-T, and pipette a bit more for thorough mixing. 
24.
Use a Pasteur pipette to transfer the dechorionated eggs to a fresh plate with FASW-T. Ensure that the pipette is submerged, and gently distribute the eggs throughout the plate.
Dechorionated eggs are extremely fragile and will explode upon surface contact. Care must be taken when pipetting dechorionated eggs to gently release them under the surface of the water.
25. Swirl to collect the eggs again, and continue to transfer to fresh plates with FASW-T, six to eight more times.
It is helpful for the beginner to look in the microscope to monitor the eggs at each successive transfer. Try to transfer as many of the dechorionated eggs as possible, while leaving the non-dechorionated eggs and cell debris behind. After six to eight washes, you should have a uniform population of dechorionated eggs.
If dechorionated eggs are to be electroporated or microinjected, proceed immediately to the appropriate protocol (Electroporation of Transgenic DNAs in the Sea Squirt Ciona 
Cultivation of Larvae and Juveniles
26. Because culture of larvae and juveniles occurs over a longer time period, plate the embryos in agarose-coated Petri plates containing FASW-T supplemented with penicillin-streptomycin (at final concentrations of 50 U/mL and 50 g/mL, respectively) or ampicillin (at a final concentration of 100 g/mL). Distribute the eggs from Step 25 among several plates. Leave the dechorionated eggs to develop to the desired stage in a temperature-controlled room at 18°C.
It is critical to achieve uniform distribution of the eggs, such that direct contact among them is minimized. The eggs have a natural tendency to cluster, which results in aggregates of malformed embryos caused by cell fusion. This is not a concern if the eggs have intact chorions.
See Troubleshooting.
27.
When the tadpoles begin to swim, dilute them into many separate plates. 
28.
If raising juveniles, decide whether to raise them on uncoated plates or on agarose-coated plates.
Swimming larvae will settle on the bottom of uncoated plates and attach tightly, allowing easier water change and long-term culturing over periods of weeks. If early juveniles (i.e., 1-4 d after hatching) are desired, an
Copyright 2010 Cold Spring Harbor Laboratory Press. Not for distribution. Do not copy without written permission from Cold Spring Harbor Laboratory Press alternative way is to grow juveniles on agarose-coated plates. In this case, the larvae will not attach to agarose but to each other or to other debris in the dish. Because the juveniles then float in seawater, it is easier to remove them for experimental manipulations like fixation or live imaging.
29.
To raise juveniles, use a Pasteur pipette to transfer late-tailbud-stage embryos (Stage 24-25) to fresh plates (either uncoated plates or agarose-coated plates) with antibiotic-supplemented FASW-T containing 0.05% (w/v) BSA. 
30.
Cover the plates in aluminum foil to shield them from light. Change the water daily.
TROUBLESHOOTING
Problem: Dechorionation is ineffective.
[
Step 21] Solution: Consider the following:
Try a different batch of Pronase and/or fresh sodium thioglycolate.
2.
Make sure that the eggs are washed thoroughly.
Problem: Embryos do not develop.
Step 26] Solution: Consider the following:
1. Ensure that the sperm are activated.
Make sure that the eggs are fertilized.
Problem: Tadpoles do not settle.
[Step 29]
Solution: The tadpoles may settle more securely on plates coated with 0.05% (w/v) BSA in FASW-T rather than agarose. This is a matter of preference for the experimenter.
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INTRODUCTION
The electroporation method described here is probably the mainstay of sea squirt (Ciona) research, because the utility of transgene expression in staged embryo populations enables a wide array of biological questions to be addressed. It allows rapid identification and characterization of cis-regulatory DNA, such as tissue-specific enhancers. Electroporation of plasmids expressing fluorescent reporter genes permits live imaging and lineage tracing. Finally, structure-function relationships can be examined by expressing dominant-negative or constitutively active forms of specific proteins using appropriate cell-specific enhancers.
RELATED INFORMATION
See The Sea Squirt Ciona intestinalis for an introduction to Ciona intestinalis as a model organism. For related methods, see Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development ).
MATERIALS CAUTIONS AND RECIPES:
Please see Appendices for appropriate handling of materials marked with <!>, and recipes for reagents marked with <R>.
Reagents
Batch of dechorionated Ciona eggs on agarose-coated plates containing FASW-T (see Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development ])
The optimal egg density in a 60-× 15- 
Plasmid Preparation
For each sample you wish to electroporate, you will need a 1.5-mL tube containing the plasmids prepared as described here.
1.
Combine the desired plasmids in a single 1.5-mL tube, and add H 2 O to a final volume of 100 µL. 4. Distribute the eggs among the 2-mL low-adhesion tubes with a Pasteur pipette. Make sure that the pipette tip is always submerged. Let the eggs settle to the bottom of the tube; this occurs quickly.
The number of tubes used will vary, depending on egg availability and the requirements of the experiment.
5.
Use a vacuum aspirator with a fine tip to reduce the volume of FASW-T to 0.2 mL; graduated tubes are thus essential here.
6. Using a Pasteur pipette, transfer the electroporation mix to one tube of eggs. Gently mix.
The high conductivity of seawater necessitates its dilution prior to electroporation. In this step, osmotic balance (and thus cell integrity) is maintained by replacing a portion of the FASW-T with a concentrated D-mannitol solution.
7. With the same pipette, transfer the egg-plasmid-D-mannitol mixture to a cuvette. Position the cuvette as necessary in the electroporation apparatus. Press the button, and release when you hear the beep. Note the time constant. 
INTRODUCTION
This protocol describes the fixation, staining, and mounting of sea squirt (Ciona intestinalis) embryos and larvae that have been electroporated with a plasmid DNA containing a cis-regulatory DNA (e.g., tissue-specific enhancer) fused to the lacZ reporter gene. Green fluorescent protein (GFP) reporter genes can be directly visualized in living embryos and larvae, although fixed preparations can use aspects of this protocol.
Post-fixation and Mounting
11. Transfer the embryos to the original tubes. Rinse the embryos once with PBT, and then replace the PBT with 1 mL of PBT containing 4% PFA. Nutate the embryos in PBT containing 4% PFA for 1 h at room temperature.
12.
Rinse the embryos with PBT three times.
13. Replace the PBT with mounting medium. Let the embryos equilibrate for 3-5 min.
14. Mount the embryos as follows:
i. Position narrow (~2-mm) stripes of double-sided tape on the long sides of the glass slide.
ii. Pipette~150-200 µL of mounting medium containing the stained embryos onto the slide.
iii. Carefully position the coverslip.
iv. Gently press down on the sides with double-sided tape.
v. Remove excess mounting medium. 
INTRODUCTION
This protocol describes microinjection of morpholino oligos (MOs) and RNAs into sea squirt (Ciona) embryos. This is the method of choice for gene disruption assays. MOs that target the initiating ATG can be used, in addition to those that target splice donor and acceptor sites. The latter method permits the selective inhibition of zygotic mRNAs in cases in which the gene in question is expressed in both the egg and embryo. Although injection is usually performed at the one-cell stage, it is possible to target individual blastomeres, up to the eight-cell stage, thereby permitting lineage-specific knockdown of pleiotropic genes. Injection can also be performed in unfertilized eggs to inhibit maternal genes. Microinjection also permits DiI labeling and lineage tracing.
RELATED INFORMATION
See The Sea Squirt Ciona intestinalis for an introduction to Ciona intestinalis as a model organism. For related methods, see Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development ) and X-gal Staining of Electroporated Sea Squirt (Ciona) Embryos ).
MATERIALS CAUTIONS AND RECIPES:
Reagents
Ciona embryos or eggs and sperm (see Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development ii. Insert the injection needle into the rubber gasket, and tighten the holder. Make sure the airway is completely filled with H 2 O and avoid air bubbles.
iii. Position the injection device on the micromanipulator at an angle of~30°relative to the surface.
Injection
6. Place a 25-× 25-mm glass coverslip in the center of a 100-mm agarose-coated Petri dish.
7.
Transfer approximately 100 eggs to the Petri dish and crush them against one side of the coverslip to coat the glass.
This step prevents the eggs from sticking.
8.
Break open the injection needle by pushing it against the edge of the coverslip. Then, push the 5-mL syringe to make sure that the colored solution oozes from the needle tip.
This produces a faint cloud that quickly disappears.
9.
Use a transfer pipette to dispense approximately 100 eggs along the coated edge of the coverslip. Slide the coverslip toward the eggs to align them against the edge.
Inject the egg as follows:
i. Position the needle against the middle of the first egg at an~30°angle.
ii. Push the needle into the egg using the hydraulic micromanipulator, and pull back the syringe to break the seal between the needle tip and egg cortex.
iii. Push the syringe to dispense the injection mix into the egg.
A small smear of dye will appear at the site of the needle tip but quickly disperse.
Pull out the needle.
12.
Move to the next egg, and repeat Steps 10 and 11.
13. After injecting the aligned eggs, transfer them to a 60-mm agarose-coated dish for incubation.
If injecting unfertilized eggs, add diluted sperm to the dish, and let them fertilize for 10 min before rinsing off the sperm.
14. Screen the embryos as follows:
For fluorescent dextran-injected embryos, screen the embryos under a fluorescence microscope and remove uninjected embryos.
For embryos co-injected with a DNA plasmid, screen for the marker (green fluorescent protein [GFP] , lacZ, etc.) after embryo fixation/staining. (see X-gal Staining of Electroporated Sea Squirt (Ciona) Embryos ).
Blastomere Injection or Ablation
Use the following steps in place of Steps 6-9 for blastomere injection or ablation.
15.
Use a hot metal needle to poke small pits about the size of an embryo into the agarose layer in a Petri dish.
16.
Transfer individual embryos to the pits, and orient them so that the blastomere of interest is facing the surface.
INTRODUCTION
This protocol describes whole-mount in situ hybridization on sea squirt (Ciona intestinalis) embryos. This method is a mainstay of the sea squirt (Ciona) research community. It permits the detailed visualization of gene expression at single-cell resolution. It has been used to detect localized maternal mRNAs in the fertilized egg and to identify restricted patterns of gene expression within individual cells of the developing central nervous system at advanced stages of development, including swimming tadpoles.
RELATED INFORMATION
See The Sea Squirt Ciona intestinalis for an introduction to C. intestinalis as a model organism. For related methods, see Isolation of Sea Squirt (Ciona) Gametes, Fertilization, Dechorionation, and Development ).
MATERIALS CAUTIONS AND RECIPES:
Reagents
Antibody solution (anti-DIG Fab fragments, diluted 1/2000 in TNB)
For best results, pre-absorb a 1/10 dilution of the antibody with blocked embryos and/or larvae prior to preparing the final (1/2000) Ethanol (100%, 75%, and 50%) Glycine solution (2 mg/mL, prepared in PBT) <R>Hybridization buffer for Ciona (HB)
<R>MEM-PFA
Ciona intestinalis
20. Dispense 50 µL of HB into 0.2-mL PCR tubes and add DIG-labeled RNA probe to a final probe concentration of 0.1-1 ng/µL. Incubate at 80°C for 2-5 min.
21. Add 52.5 µL probe/HB mix to the embryos, seal the plate with an aluminum sealing sheet, and incubate at 55°C for 14-18 h.
Post-hybridization Washes
22. Carefully remove the probe/HB mix and keep for reuse. Replace with WB1 once, then wash in the following sequence using prewarmed buffers:
i. WB1 for 20 min at 55°C (twice)
ii. WB1:WB2 (1:1, v:v) for 20 min at 55°C (twice)
iii. WB2 for 20 min at 55°C (twice)
iv. WB3 for 20 min at 55°C (twice)
Blocking and Antibody Incubation 23. Wash three times in TNT for 2-5 min each at room temperature.
24. Block with 0.5 mL of TNB for 1 h at room temperature.
25.
Replace the TNB with antibody solution. Incubate for 2 h at room temperature and then for 14-18 h at 4°C with shaking.
Antibody Washes and Staining
26.
Replace the antibody solution with TNT, once as a quick rinse and then six times with a 20-min incubation each.
27. Wash with TMN three times for 10 min each. Transfer the embryos to 1.5-mL tubes after the second wash.
28.
Replace the TMN with the NBT-BCIP-PVA staining solution, and transfer the embryos to a staining dish. Keep the staining dish in the dark.
29.
Regularly monitor color development using a dissecting microscope.
The time required for staining depends on the probe; it can range from 30 min to several hours.
Dehydration and Mounting
30. Add 0.5-1 mL of PBS-EDTA stop solution to stop the staining reaction. Transfer the embryos to a 1.5-mL tube and replace the PBS-EDTA several times.
31. Post-fix the embryos with PBT containing 4% PFA for 1 h.
32.
Rinse the embryos with 1X PBS three times.
33. Add 0.5 mL of 100% ethanol to 1 mL of 1X PBS, and rock for 15-20 min.
34. Remove 1 mL (leaving 0.5 mL) of solution, add 0.75 mL of 50% ethanol and 0.25 mL of 100% ethanol, and rock for 15-20 min.
35. Replace 1 mL of solution with 1 mL of 50% ethanol, and rock for 15-20 min.
36. Replace 1 mL of solution with 0.75 mL of 75% ethanol and 0.25 mL of 100% ethanol, and rock for 15-20 min.
37. Replace 1 mL of solution with 1 mL of 75% ethanol, and rock for 15-20 min.
38. Wash the embryos two to three times with 100% ethanol, rocking 15-20 min each time.
39. Wash quickly with xylene:ethanol (5: 1, v:v) , remove the xylene:ethanol mix, and mount in Permount.
40. Store the slide horizontally overnight until the resin has dried.
INTRODUCTION
This protocol describes the dissociation of electroporated sea squirt (Ciona) embryos and the subsequent isolation of individual cells, cell lineages, and tissues, using fluorescence-activated cell sorting (FACS). Sorted samples can be used for RNA extraction and reverse transcriptase polymerase chain reaction (RT-PCR) or microarray analysis. Alternatively, dissociated samples can be used for the subsequent culturing and/or chemical treatment of isolated embryonic cells. This method permits the identification of effector genes responsible for changes in cell shape, polarity, or motility in a given tissue.
RELATED INFORMATION
See The Sea Squirt Ciona intestinalis for an introduction to C. intestinalis as a model organism. For related methods, see Electroporation of Transgenic DNAs in the Sea Squirt Ciona 
